Lsh, chromatin remodeling family member, modulates
genome-wide cytosine methylation patterns at
nonrepeat sequences
Yongguang Taoa,1, Sichuan Xia,1, Jigui Shanb,1, Alika Maunakeac, Anney Cheb, Victorino Brionesa, Eunice Y. Leea,
Theresa Geimana, Jiaqiang Huanga, Robert Stephensb, Robert M. Leightyd, Keji Zhaoc, and Kathrin Mueggea,2
a
Basic Science Program, Laboratory of Cancer Prevention, bAdvanced Biomedical Computing Center, and dData Management Services, Science Applications
International Corporation Frederick, Inc., National Cancer Institute Frederick, Frederick, MD 21702; and cLaboratory of Molecular Immunology, National
Heart, Lung, and Blood Institute, National Institutes of Health, Bethesda, MD 20817

Edited by Dirk Schubeler, The Friedrich-Miescher-Institute for Biomedical Research, Basel, Switzerland, and accepted by the Editorial Board February 24, 2011
(received for review November 12, 2010)

DNA methylation is critical for normal development and plays
important roles in genome organization and transcriptional regulation. Although DNA methyltransferases have been identiﬁed,
the factors that establish and contribute to genome-wide methylation patterns remain elusive. Here, we report a high-resolution
cytosine methylation map of the murine genome modulated by
Lsh, a chromatin remodeling family member that has previously
been shown to regulate CpG methylation at repetitive sequences.
We provide evidence that Lsh also controls genome-wide cytosine
methylation at nonrepeat sequences and relate those changes to
alterations in H4K4me3 modiﬁcation and gene expression. Deletion of Lsh alters the allocation of cytosine methylation in chromosomal regions of 50 kb to 2 Mb and, in addition, leads to changes
in the methylation proﬁle at the 5′ end of genes. Furthermore, we
demonstrate that loss of Lsh promotes—as well as prevents—
cytosine methylation. Our data indicate that Lsh is an epigenetic
modulator that is critical for normal distribution of cytosine methylation throughout the murine genome.
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ytosine methylation patterns are established during early
mammalian development and play an important role in genome organization, gene expression, and cellular differentiation
(1–3). Cytosine methylation is critical for suppression of retroviral
elements and is involved in the process of X-inactivation and genomic imprinting. Moreover, hypermethylation of CpG islands at
tumor suppressor genes is closely associated with gene silencing
(4). Several studies have recently investigated genome-wide cytosine methylation patterns in eukaryotes, including Arabidopsis
thaliana and human cell lines (5–14). The predominant cytosine
methylation in mice and humans is present at CpG sites, but substantial cytosine methylation in a non-CpG context has been found
in human embryonal stem cells (9). Although DNA methyltransferases responsible for mammalian cytosine methylation have
been identiﬁed (15, 16), it still remains unclear how genome-wide
cytosine methylation patterns are established and maintained.
Lsh and DDM1 encompass a distinct group of the SNF2 family
of chromatin remodeling proteins, controlling cytosine methylation in the genomes of mouse and A. thaliana, respectively (17–
19). In addition, both proteins can affect histone methylation
patterns at certain genomic loci (20, 21). Lsh is crucial for normal
development, and targeted deletion of Lsh in mice leads to early
lethality (19, 22). Repeat sequences are among the major genomic sites affected by loss of Lsh and DDM1 (17, 23). A decrease in
cytosine methylation leads to reactivation of endogenous retroviral elements in Lsh−/− (24) or DDM1 mutants (25), the latter
also showing transposition. Thus, cytosine methylation has been
proposed to act as a defense mechanism against parasitic elements in the genome. In addition to repeat sequences, some developmental genes, such as the stem cell genes Oct4 and Nanog
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(26), or genes targeted by polycomb proteins, such as the HoxC
cluster (27, 28), show substantial reduction in CpG methylation
in Lsh-depleted cells. In contrast, several genomic imprinted sites
(e.g., H19, KvDMR1), that require the maintenance DNA methyltransferase Dnmt1 for correct allele-speciﬁc expression, are not
affected by Lsh (29). Unlike Dnmt1, Lsh does not associate with
the replication fork in early S-phase (30). Furthermore, Lsh is
crucial for the acquisition, rather than the maintenance of CpG
methylation at episomal target sequences (31). Thus, it is hypothesized that the functional role of Lsh is not simple maintenance of cytosine methylation. The precise role of Lsh in
genome-wide methylation, however, is currently poorly deﬁned.
To investigate how genome-wide DNA methylation patterns are
established in mice and how they may speciﬁcally depend on Lsh,
we generated a comprehensive genomic map of cytosine methylation for wild-type (WT) and Lsh−/− mouse embryonic ﬁbroblasts
(MEFs) using methylated DNA immunoprecipitation (MeDIP)
(12) combined with whole-genome tiling microarray. In addition,
we generated a histone 3 lysine 4 trimethylation (H3K4me3)
chromatin map using chromatin immunoprecipitation followed
by high-throughput sequencing (ChIP-Seq) and also evaluated
genome-wide gene expression using cDNA microarrays.
Results and Discussion
Our previous assessment of global cytosine methylation had been
biased toward speciﬁc sequences through the analysis of restriction
enzyme sites (17); therefore, we applied HPLC analysis to examine total cytosine methylation changes in dependence of Lsh.
DNA derived from diverse Lsh−/− embryonic tissues from day 13.5
gestation exhibited up to 50% reduction in cytosine methylation
compared with WT tissues (Fig. 1A). This ﬁnding indicated
a profound effect on global cytosine methylation caused by Lsh
deletion. MEF cell lines derived from day 13.5 Lsh−/− embryos or
WT littermate controls were used for subsequent analyses (32).
Genomic DNA from MEFs was immunoprecipitated with an antibody that speciﬁcally recognizes methyl-cytosine (12). Immunoprecipitated DNA was pooled from multiple experiments and
subjected to PCR analysis to validate the enrichment of methylated DNA. As expected, diverse repeat sequences (17) and spe-
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ciﬁc Hox genes (27, 28) were enriched in WT samples in contrast
to Lsh−/− samples (Fig. S1). Genomic imprinted sites, such as H19,
KvDMR1, and Igf2R, were enriched in WT as well as in Lsh−/−
samples, suggesting that methylation enrichment by MeDIP was in
agreement with our previous results (29). The MeDIP-enriched
DNA and the unfractionated input genomic DNA was then cohybridized onto a murine genomic microarray that contains 13 ×
106 probes with a resolution of one 50-mer probe for every 100-bp
region. The array spans over 2.4 × 109 bp of the murine genome
(for chr1-19) and excludes repeat sequences.
Initially, we investigated if the MeDIP array results corresponded to known CpG methylation differences between WT and
Lsh−/− cells at speciﬁc genomic sites that we had previously analyzed. As expected, methylation enrichment at the Oct4 and
Nanog promoters was readily detected in WT samples, but Lsh−/−
cells showed reduction of cytosine methylation at the same sites
(Fig. S2 A and B). In contrast, genomic imprinted sites, such as
the ICR upstream of H19 or KvDMR1 revealed a similar pattern
of methylation enrichment when comparing WT with Lsh−/−
samples (Fig. S2 C and D). Larger regions, such as the HoxC
cluster, displayed greatly decreased cytosine methylation in Lsh−/
−
MEFs, whereas a randomly chosen area of similar range showed
a comparable methylation pattern (Fig. S2 E and F). Thus, at
those speciﬁc genomic sites, the methylation enrichment generated by the MeDIP array data were in agreement with previous
results (Fig. S3 A and B) (26–29).
Chromosomal Maps. Total MeDIP enrichment of the array was of
similar magnitude when comparing WT with the Lsh−/− sample,
indicating that there was not a major net loss of cytosine methylation at unique sequences (Fig. 1B). Because HPLC analysis
includes all repeat sequences that make up 30 to 50% of the
murine genome, part of the global cytosine reduction in Lsh−/−
samples may be a result of those repeat sequences (17, 19) (Fig.
S1D). To investigate if Lsh deletion affects cytosine methylation
Tao et al.

at speciﬁc genomic regions, other than the previously identiﬁed
loci, we generated individual chromosomal maps based on mean
methylation enrichment values at 2 Mb windows. Methylation
enrichment in WT MEFs was not uniformly distributed along the
chromosomal axis (11, 12), and was present at gene-poor regions
(Fig. S3 C–E). Chromosomal maps at 2 Mb resolution generated
for Lsh−/− MEFs were similar to WT maps for most, but not all,
chromosomes (Fig. 1 C–E and Fig. S4 A and B). For example, chr8
and ch15 encompass large regions that were differentially methylated (Fig. 1 D and E). Some areas were distinctively enriched for
methylated cytosine in WT compared with Lsh−/− samples, but
several domains were comparatively hypermethylated in the absence of Lsh. To gain better insight into the extent of DNA
methylation changes, we created differential methylation maps for
chromosomes at higher resolution. Mean methylation values at
50 kb windows (n = 49,295) for Lsh−/− MEFs were subtracted
from mean WT values to illustrate the regions of dissimilar
methylation (Fig. 1 F and G). Comparatively hyper- or hypomethylated 50-kb windows were contiguous and extended up to 2
Mb (with 5% of all contiguous regions between 1 and 2 Mb). The
average size for the majority of differentially methylated regions
was 50 to 200 kb (about 85% of domains). The transition points at
differentially methylated regions appeared well deﬁned (Fig. 1H),
suggesting that discrete chromosomal domains share a common
epigenetic pathway controlled by Lsh. To quantify the cytosine
methylation changes between WT and Lsh−/− MEFs, the ratios of
DNA methylation enrichment (Lsh−/− values over WT values)
were computed for single values. For the whole genome, about 6.4
or 8.6% of 100-bp bins were differentially methylated (more than
10-fold changes or more than 5-fold, respectively) with fairly
similar proportions being hypo- or hypermethylated in the absence
of Lsh (Fig. 1I, and for single chromosomes Table S1).
Taken together, these data show that Lsh controls not only
cytosine methylation at repeat sequences, but also globally regulates methylation at unique sequences. Lsh promotes as well as
PNAS | April 5, 2011 | vol. 108 | no. 14 | 5627
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Fig. 1. Chromosomal maps comparing cytosine methylation in WT and Lsh−/− MEFs. (A) HPLC analysis for detection of methylated cytosine comparing
genomic DNA from diverse WT (blue) and Lsh−/− (red) tissues derived from day 13.5 embryos. (B) Comparison of methylated cytosine enrichment (−log10
P value) after hybridization on a murine genome tiling array comparing genomic DNA from WT and Lsh−/− MEF cell lines derived from day 13.5 embryos. WT:
median 0.04, mean 0.036, third quartile 0.45. Lsh−/−: median 0.04, mean 0.37, third quartile 0.48. (C–E) Chromosomal maps at 2 Mb resolution comparing WT
(blue) to Lsh−/− samples (red). (F and G) Chromosomal maps that illustrate differential methylation at 50 kb resolution. The graph shows the difference
between WT mean methylation on values at 50 kb bins and Lsh−/− samples; thus, chromosomal regions above zero represent areas hypermethlated in WT and
those below zero are regions hypermethylated in Lsh−/− MEFs. (H) Representation of differential methylated regions in the University of California Santa Cruz
genome browser. The region indicated in the graph (G) on chromosome 8:81,003,000 to 95,738,000 is shown. Gene density is presented at the bottom of the
graph. (I) Percentage of differentially methylated regions. The pie graph represents the fraction of the genome with a ratio of Lsh−/− over WT cytosine
methylation larger than 10- or 5-fold (hypermethylated in Lsh−/−) or less than 10- or 5-fold (hypomethylated in Lsh−/−).

prevents cytosine methylation, and thus plays a crucial role in the
normal distribution of cytosine methylation across the genome.
Methylation Proﬁles of 5′ and 3′ Ends. To characterize cytosine
methylation levels at deﬁned gene features, we aligned genes at
their 5′ ends and plotted mean methylation enrichment at 100-bp
resolution covering a 5 kb region upstream and 5 kb downstream
of their transcriptional start site (TSS) (Fig. 2A). The 5′ end proﬁle
in WT MEFs displayed a methylation depletion around the TSS,
similar to the methylation proﬁles recently reported using bisulﬁte
sequencing (5, 7, 9, 13, 14). Although each gene shows distinct
methylation peaks in the promoter region or the gene body, the
mean methylation levels of the TSS ﬂanking regions, comprising
promoter regions or the gene body, are comparable. Likewise, the
3′ end of genes in WT MEFs (Fig. 2B) showed a reduction in
cytosine methylation, indicating that both ends of protein-coding
genes are marked by distinct cytosine methylation patterns in the
murine genome, as has been previously described for many
eukaryotes, including human and A. thaliana (7, 9, 11, 13, 14).
When we examined the distribution of cytosine methylation
around the TSS and ﬂanking regions in Lsh−/− MEFs, we found it
distinctly distorted compared with WT MEFs (Fig. 2A). In con-

Fig. 2. Cytosine methylation pattern at the 5′ and 3′ ends in Lsh−/− MEFs. (A)
Cytosine methylation proﬁles comparing WT (blue) and Lsh−/− MEFs (red) at
100 bp resolution around 5′ ends (TSS) (n = 44,742) and ﬂanking regions
[5 kb upstream and 5 kb downstream (gene body)]. (B) Cytosine methylation
distribution around the 3′ end of genes (n = 48,680) with ﬂanking regions
[5 kb upstream (gene body) and 5 kb downstream] comparing WT (blue) and
Lsh−/− (red) MEFs at 100 bp resolution. (C and D) Cytosine methylation distribution around the 5′ ends and ﬂanking regions comparing WT (blue) and
Lsh−/− (red) at genes with CpG island (C) or without CpG island (D). (E) Cytosine methylation distribution in Lsh−/− MEFs at the 5′ end of genes classiﬁed into four groups (ﬁrst to fourth) based on their density of CpG sites,
with ﬁrst being the lowest. (F) Cytosine methylation distribution in Lsh−/−
MEFs at the 5′ end of CpG island genes that are classiﬁed into six groups
based on the position of the center of the CpG islands: −300 bp (blue), −200
bp (pale blue), −100 bp (purple), 0 (green), 100 bp (pink), 200 bp (pale
green), 300 bp (red).
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trast, the 3′ end cytosine methylation was indistinguishable when
comparing Lsh−/− with WT samples (Fig. 2B). The aberrant distribution pattern at 5′ ends was found throughout the genome,
without an apparent preference for chromosomal position (for
example chr1) (Fig. S4C). To determine which subclass of genes
was primarily affected by Lsh loss, we classiﬁed genes based on the
presence of CpG islands. Genes with and without CpG islands
displayed a dip of cytosine methylation around the TSS in WT
cells, suggesting that a paucity of methylated cytosines around
the TSS is a common feature of genes. When we compared Lsh−/−
MEFs with WT MEFs, we found that the 5′ end cytosine methylation distribution for non-CpG island genes was indistinguishable (Fig. 2C). In contrast, CpG island genes exhibited a
hypermethylation at their 5′ ends (Fig. 2D), indicating that this
subset is predominantly affected by Lsh. To evaluate the degree to
which the methylation distribution at gene ends differs between
WT and Lsh−/− samples, we calculated the mean correlation between WT and Lsh−/− methylation values at single 100-bp windows, as similar methylation proﬁles (as in Fig. 2 B and C) may
mask any potential differences at single genes. The correlation
proﬁle revealed the most dramatic difference in correlation values
between WT and Lsh−/− at CpG island promoter regions (Fig.
S4D); the correlation was lowest at TSS sites (Pearson R = 0.39),
where CpG islands are preferentially localized and increased away
from the TSS (at position −5 kb, R = 0.63). In contrast, genes
without CpG islands (Fig. S4D) or the 3′ end of genes (Fig. S4E)
showed an overall high-correlation value between Lsh−/− and WT
samples. This ﬁnding supports the notion that Lsh deletion
inﬂuences DNA methylation primarily at genes with CpG islands.
To investigate further which CpG island genes are affected the
most by Lsh, we sorted all genes based on CpG densities. The
peak of cytosine methylation at the 5′ end of genes in Lsh−/−
MEFs was most prominent at those genes with the highest CpG
densities (Fig. 2E). To determine if the distribution of cytosine
methylation in the absence of Lsh depends on the position of CpG
islands or the TSS, we classiﬁed genes based on the position of the
CpG island toward the TSS. We found that the cytosine methylation peaks in Lsh−/− MEFs shifted upstream or downstream of
the TSS following the center of the CpG island (Fig. 2F). This
ﬁnding suggests that the observed DNA hypermethylation was
associated with the CpG island rather than the TSS.
Taken together, these data show that Lsh−/− MEFs display an
aberrant distribution of cytosine methylation at the 5′ end of a
subset of genes that are rich in CpG sites.
H3K4me3 Changes in Dependence of Lsh. To characterize Lshaffected genes further, and to determine the relationship of cytosine methylation to other epigenetic changes, we examined
H3K4me3 modiﬁcations. Whole-genome ChIP-sequencing
showed an increased frequency of H3K4me3 peaks in Lsh−/− cells
compared with WT control, indicating an overall elevation of
H3K4me3 modiﬁcation caused by Lsh depletion (Fig. S5A). This
observation is in agreement with previously reported increases of
H3K4 methylation in DDM1 or Lsh mutants (20, 21). Mapping
of H3K4me3 enrichment to regions ﬂanking TSS revealed a rise
in H3K4me3 enrichment in Lsh−/− MEFs compared with WT
MEFs, indicating that changes in H3K4me3 occurred, at least in
part, at expected sites, namely around the TSS (Fig. 3A). Increases of H3K4me3 modiﬁcations were most pronounced at
CpG island genes and not detectable at non-CpG island genes
(Fig. 3 B and C), suggesting that the same class of genes that
exhibited aberrant cytosine methylation showed altered
H3K4me3 enrichment. To investigate a link between increases in
H3K4me3 and DNA methylation, we ranked genes based on their
level of H3K4me3 gain in Lsh−/− cells (Fig. S5B). Those genes
with the highest increases in H3K4me3 in Lsh−/− MEFs also
showed the largest increase in DNA methylation at their 5′ ends
(mean 0.10837 vs. 0.04592, P = 1.6 × 10−28) (Fig. 3D). Among
Tao et al.

Fig. 3. H3K4me3 changes in dependence of Lsh. (A) H3K4me3 methylation
distribution at the 5′ ends (TSS) (n = 23,365) and ﬂanking regions (5 kb
upstream and 5 kb downstream) comparing WT (blue) and Lsh−/− MEFs (red)
at 100 bp resolution. (B and C) H3K4me3 methylation distribution at the 5′
ends and ﬂanking regions comparing WT (blue) and Lsh−/− MEFs (red) at
genes with CpG island (B) or without CpG island (C). (D) Link between
increases in DNA methylation and H3K4me3 gains at the 5′ ends. All genes
(unique genes n = 23,365) were classiﬁed into three groups based on their
gain of H3K4me3 in Lsh−/− cells (Fig. S5B) into high (green), medium (blue),
or no gain (brown). The graph depicts the change of DNA methylation (the
difference between Lsh−/− cytosine methylation and WT methylation) at the
5′ ends. (E) Distribution of H3K4me3 changes and DNA methylation changes
at the 5′ ends. The gain of H3K4me3 in Lsh−/− MEFs (difference of Lsh−/−
values minus WT values) and the gain of cytosine methylation in Lsh−/− MEFs
(difference of Lsh−/− values minus WT values) were plotted around the 5′ end
to illustrate the position of each modiﬁcation. (F) Histogram illustrating the
distance between H3K4me3 peaks and cytosine methylation peaks for single
genes and the frequency with which they occur.

genes that were ranked based on increase in DNA methylation in
Lsh−/− cells (top 10%, n = 2,365), about two-thirds (70%) had an
increase in H3K4me3 as well, but it should be noted that a subset
of genes (22%) displayed a moderate loss of H3K4me3 (see below). The distribution of H3K4me3 and cytosine methylation
increases at the TSS and ﬂanking regions in Lsh−/− MEFs
revealed dissimilar proﬁles for each epigenetic modiﬁcation. Although H3K4me3 increases in Lsh−/− cells showed a slight gap
around the TSS, possibly because of Pol II occupancy (33), the
peak of DNA methylation gain was falling between the H3K4me3
peaks (Fig. 3E). For genes that were subgrouped according to their
position of CpG islands (Fig. 2F), cytosine methylation and
H3K4me3 increases shifted with the position of the CpG island
and peaks were juxtaposed to each other (Fig. S5 C–G). The
majority of genes had a distance of about 400 bp between peaks
(Fig. 3F), suggesting that both epigenetic changes can occur at the
same genes in Lsh−/− MEFs with distinct distribution patterns.
Tao et al.

cytosine methylation in the absence of Lsh may link to transcriptional changes, we generated gene expression proﬁles of WT and
Lsh−/− MEFs. In particular, we were interested in those genes that
had acquired H3K4me3 and cytosine methylation in Lsh−/− MEFs.
When we examined the three groups that had been classiﬁed
based on their H3K4me3 changes in Lsh−/− MEFs (Fig. 3D and
Fig. S5B), we found that the group with the most dramatic change
in H3K4me3, which was associated with increases in cytosine
methylation, showed signiﬁcantly higher gene expression in WT
MEFs (Fig. 4A). The group with low H3K4me3 changes in Lsh−/−
MEFs (including moderate losses of H3K4me3) displayed a low
gene-expression level in WT MEFs, suggesting that Lsh depletion
resulted in epigenetic changes at those genes with extreme expression levels and not at those with intermediate expression
levels. Among the subset of genes with high increases of H3K4me3
and high levels of cytosine methylation gain, we observed a mild
trend of up-regulation in Lsh−/− MEFs, whereas for those genes
with no H3K4me3 gain a trend to down-regulation in Lsh−/−
MEFs was observed (Fig. 4A). Overall, for the majority of genes
the expression level was not dramatically changed, in agreement
with our previous observations in brain and liver tissues (24).
To gain further insight into how changes in cytosine methylation may be linked to gene expression, we analyzed the subset of
genes that were differentially expressed more than twofold (5% of
genes, n = 901; of total analyzed genes, n = 16,660). Gene ontology analysis of those differentially expressed genes in Lsh−/−
MEFs showed an enrichment for genes involved in angiogenesis
(P = 1.4 × 10−8), lung development (P = 1.010−6), skeletal system
development (P = 6.6 × 10−8), embryonic morphogenesis (P =
8.6 × 10−7), and organ development (P = 4.3 × 10−7), pointing to
a role of Lsh in murine development (22). This subset of genes
had signiﬁcant increases of cytosine methylation around the TSS
in Lsh−/− MEFs compared with a control group with unaltered
gene expression (mean increase is 0.073 vs. 0.037, respectively,
P < 0.05). The twofold differentially regulated genes showed up(1.9%, n = 320) as well as down-regulation (3.5%, n = 581).
Unexpectedly, genes that were up-regulated and those that were
down-regulated displayed an enrichment of cytosine methylation
at the TSS in Lsh−/− MEFs (Fig. 4B). When we determined the
H3K4me3 distribution for those genes that were differentially
expressed in Lsh−/− MEFs, we found two distinct patterns.
Whereas up-regulated genes had H3K4me3 increases in conjunction with DNA methylation changes (Fig. 4C), down-regulated
genes displayed no signiﬁcant gain of H3K4me3 in the immediate
TSS region in Lsh−/− MEFs (Fig. 4D). This ﬁnding suggests that the
combination of both epigenetic marks may determine the outcome
of gene expression and, in addition, that DNA methylation
increases in Lsh−/− MEFs can be linked to up- or down-regulation.
Likewise, a recent study reported up- as well as down-regulation of
Dnmt3a-targeted genes after Dnmt3a depletion, implying a dualistic role of DNA methylation in gene expression (34).
Finally, bisulﬁte sequencing was performed to conﬁrm cytosine
hypermethylation in Lsh−/− MEFs at several genes. We detected
increases in CpG methylation corresponding to enhanced cytosine methylation assessed in the MeDIP array for six genes (Fig.
S6). Those genes also showed a loss of H3K4me3 methylation,
and thus a reciprocal relationship of those two epigenetic marks,
as has been previously reported (10). In addition, those CpG
hypermethylated genes were down-regulated in Lsh−/− MEFs,
supporting a link between CpG hypermethylation and transcriptional repression. Unexpectedly, for six other genes non-CpG
methylation was detected at the TSS in the absence of Lsh (Fig.
S7A). Non-CpG methylation is a characteristic of embryonal stem
cells and is positively correlated with gene transcription (9). The
increase of non-CpG methylation was accompanied by a twofold
up-regulation in gene expression for four genes (Fig. S7B). A
slight enrichment of H3K4me3 was detected at those genes with
PNAS | April 5, 2011 | vol. 108 | no. 14 | 5629
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Gene Expression. To investigate if and how the aberrant pattern of

Fig. 4. Relation of cytosine methylation changes and gene expression. (A) Box plot to demonstrate changes of gene expression changes for all genes (All)
and those that were subgrouped based on changes in H3K4me3 and cytosine methylation. Genes were ranked according to their H3K4me3 changes in Lsh−/−
MEFs (Fig 3D and Fig. S5B) from highest (H3K4me3 high) to lowest gain (H3K4me3 low, including those genes with H3K4me3 losses). (Left) Gene-expression
level in WT MEFs according to the classiﬁcation. (Right) Ratio of gene expression (Lsh−/− expression over WT expression), with values above 1 indicating upregulation and below 1 indicating down-regulation. *P < 0.005. (B) Distribution of cytosine methylation changes in Lsh−/− MEFs at the 5′ end of genes that are
twofold down-regulated in Lsh−/− MEFs (red, n = 581), twofold up-regulated in Lsh−/− MEFs (green, n = 320), or a control group without any change (purple,
n = 543). (C) Distribution of cytosine methylation changes (green) and H3K4me3 changes (blue) in Lsh−/− MEFs at the 5′ end of genes that are twofold upregulated in Lsh−/− MEFs. (D) Distribution of cytosine methylation changes (red) and H3K4me3 (blue) changes in Lsh−/− MEFs at the 5′ end of genes that are
twofold down-regulated in Lsh−/− MEFs.

non-CpG methylation, and the histone modiﬁcation showed
a distinct distribution around the TSS compared with the cytosine
methylation proﬁle at those genes (Fig. S8). Our ﬁndings suggest
the possibility that the distinct pattern of CpG or non-CpG
methylation in combination with H3K4me3 modiﬁcations may
inﬂuence transcription in Lsh−/− MEFs. However, because conventional bisulﬁte sequencing is biased, only full genome sequencing after bisulﬁte conversion can ultimately determine to
what extent non-CpG methylation contributes to the pattern of
hypermethylation in the absence of Lsh.
It has been previously demonstrated that Lsh, similar to its A.
thaliana homolog DDM1, controls cytosine methylation and
transcriptional repression at repeat sequences (17–19). Our
results here demonstrate that Lsh additionally controls genomewide allocation of cytosine methylation at unique sequences,
indicating that Lsh is critical for establishing normal methylation
pattern during development. Changes of DNA methylation following Lsh deletion occur not only at single genes, but also at
larger chromosomal domains, suggesting that regional patterns
of cytosine methylation underlie a common epigenetic pathway.
Differentially methylated regions of 150 kb mean length have
been recently reported, comparing embryonal stem cells with
somatic cells (9), indicating that those domains are regulated in
the transition from pluripotency to somatic cell. It remains to be
elucidated if those differentially methylated domains in the absence of Lsh are indicative of a failed differentiation process,
because Lsh reduction impairs the differentiation of embryonal
stem cells in vitro (26).
Lsh deletion leads to hypo- as well as hypermethylation of
cytosine. This observation, together with the fact that regionally
5630 | www.pnas.org/cgi/doi/10.1073/pnas.1017000108

speciﬁc effects are found after Lsh deletion, indicates that Lsh is
not simply involved in the maintenance of methylation patterns.
The changes in cytosine methylation are in part due to increases
of non-CpG methylation. A recent study examining DNA
methylation at promoter regions in Lsh−/− MEFs (35) supports
previous ﬁndings of hypomethylation at stem cell-speciﬁc genes
(28) (Fig. S2), but did not report non-CpG methylation. This
study used a methyl-CpG binding domain for enrichment of
methylated DNA, a technique that is not suitable for detection of
non-CpG methylation in contrast to MeDIP, as used in this study
(36). Interestingly, mutants of the Lsh homolog DDM1 in A.
thaliana also show hypermethylation in the context of non-CpG
sites (37), revealing yet another similarity in the biological role of
Lsh and DDM1. The role of Lsh in cytosine methylation is more
complex than solely promoting recruitment of methyltransferases
to chromatin targets, an assumption that was based on the observation that Dnmt3b association with Hox genes or stem-cell
genes is reduced in the absence of Lsh (26, 28). This phenomenon
of hyper- as well as hypomethylation may involve differences in the
ability of Lsh to retarget Dnmt3a vs. Dnmt3b to speciﬁc chromatin
sites, or may be because of Lsh affecting insulators, chromatin
barriers, and heterochromatin spreading, and thus may control
higher-order chromatin structure.
Finally, we show here that Lsh speciﬁcally alters cytosine
methylation patterns at the 5′ end (TSS) but not the 3′ end in a
subset of CpG island genes. The 5′ and 3′ ends are both marked
by cytosine depletion and have previously been linked to Pol II
engagement in A. thaliana (14). It remains to be shown whether
Lsh alters genome-wide Pol II binding and transition to early
elongation at those sites.
Tao et al.

Hybridization to NimbleGen Arrays. Genomic DNA of WT (Lsh+/+) or Lsh−/− MEFs
(32) was sonicated into fragments (300–1,000 bp), precipitated with anti-5methylcytidine (Eurogentec), as previously described (12, 26), and DNA pooled
for whole genome array hybridization (NimbleGen Service Laboratory). The
murine whole-genomic array contains about 13 × 106 probes with a resolution
of one 50-mer probe for every 100-bp region. Data were extracted from scan-
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ned images by using NimbleScan 2.3 extraction software. Cytosine methylation
enrichment was evaluated using normalized log2 ratio intensity values (the ratio
of the MeDIP to the input sample) and then −log10 P values from one-sided
Kolmogorov-Smirnov tests performed to determine if probes displayed a signiﬁcantly more positive distribution over the rest of the array. For details of the
MM8 tiling array and calculation of data, please refer to www.nimblegen.com.
Data calculation and detailed methods are found in SI Materials and Methods.

Cytosine methylation is evolutionarily conserved and displays
species- and tissue- speciﬁc patterns. Elucidation of those factors
that contribute to and facilitate the setting of these methylation
patterns will enhance our understanding of the function of DNA
methylation during normal development and in diseases.

